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ABSTRACT
FUNGAL BIOFILM COLONIZATION AND SUCCESSION ON ARTIFICIAL
REEFS IN THE NORTH-CENTRAL GULF OF MEXICO
by Amy Leigh Salamone
December 2012
This study represents the first characterization of natural mixed-species fungal
biofilm communities on artificial reefs in the marine environment. Previous fungal
biofilm studies have failed to observe the naturally-occurring biodiversity in coastal
areas, which comprise the most utilized zone of the marine environment. Artificial reefs
can increase fishing yields, amplify oyster habitats, contribute to shoreline stabilization,
promote good water quality, and deter pollution. Proper management practices of
artificial reefs require knowledge of the colonization of these new habitats by marine
organisms and their subsequent succession. Fungi, along with bacteria, archaea, protists,
algae, and diatoms, quickly form a complex biofilm on immersed surfaces in seawater.
These communities fuel many primary consumers that support artificial reef habitats.
Patterns of settlement and succession should be further examined, given the major trophic
implications therein, as properties of this biofilm will influence future establishment of
other marine organisms. Four created artificial reefs in the Mississippi Sound
representing low profile (submerged) and high profile (emergent) conditions were
sampled quarterly to characterize biofilm fungal communities. Biofilm samples were
analyzed to determine fungal presence by amplifying the internal transcribed spacer (ITS)
region of fungal ribosomal DNA. Terminal fragment length polymorphism (T-RFLP)
analysis of the ITS region was used to infer variation in fungal community structure.
11

Fungal species were further characterized by performing morphological species
identification as well as ITS gene sequencing. Significant temporal and longitudinal
differences in fungal biofilm communities, as well as a weaker difference between high
and low profile reef types, were detected during this study. Furthermore, the high profile
reefs, Handkerchief and Katrina, were significantly different in fungal biofilm
community composition between reefs across the ten sampling periods. This assessment
of fungal biofilm communities yields insight into the development of artificial reef
microbial succession, diversity, and function.
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CHAPTER I
INTRODUCTION
The majority of the world's population currently lives within 100 km of a
coastline. This intensifies pressure on marine ecosystems through destruction of coastal
habitats by development, pollution and over-exploitation of natural marine resources
(Burt and others 2009). Artificial reefs are increasingly being promoted as a means to
alleviate impacts from some human activities. Artificial shoreline structures including
reefs, seawalls, embankments, jetties, and piers have become widespread landscape
elements in developed coastal regions around the world however, very little is known
about their resulting ecological implications (Chapman and Bulleri 2003). Artificial
shoreline structures are also being deployed more frequently than previously seen along
the Mississippi coast in response to increased hurricane threats. Artificial reefs provide
benefits that are critical to the biological and economic well-being of a coastal
community. Many of these benefits are due to the ecological role that artificial reefs play
in the coastal environment (Pickering and others 1999, Miller 2002). Among other
advantages, artificial reefs can increase fishing yields, enhance oyster habitats, provide
shoreline stabilization, promote good water quality, and mitigate organic pollution
(Pickering and others 1999, Davis and others 2002, Miller 2002).
Implementing proper management practices for maintaining artificial reefs
requires knowledge of the colonization of these habitats by marine organisms and their
subsequent succession patterns. The present method for determining success of an
artificial reef as an ecosystem typically is to evaluate the assemblage of fish inhabiting
the reef through direct observation. Consequently, often the artificial reef is not evaluated
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until it has matured, which does not occur until it has established the proper nutrient and
productivity levels and marine organisms associated with natural reefs. This presents a
problem because fungi, bacteria, archaea, algae, and diatoms almost immediately form a
complex biofilm on immersed surfaces in seawater (Miao and Qian 2005). This initial
settlement and subsequent succession calls for further examination, as properties of this
biofilm can be important factors for forming trophic relationships and in the colonization
and recruitment of other marine organisms (Callow and Callow 2006). According to the
model of succession proposed by Connell and Slatyer (1977), species establishment in
the later stages of succession is facilitated by the early successional species. Thus, only
when the basic trophic requirements are established can the artificial reef site begin to
develop as its own ecosystem. Artificial reefs can fulfill the many expectations we have
of them, but their success ultimately reflects the quality of planning and ongoing
management practices (Abelson 2006).
Artificial reefs established in regions such as the Northern Gulf of Mexico are
created from various substrates that are likely to be colonized by fastidious fauna.
Consequently, the suitability of materials used in the construction of artificial structures
requires a close evaluation. Biofilm composition in the marine environment is believed to
play an important role in settlement induction for a large number of sessile invertebrates,
which make up the base of any living reef system. Biofilm composition could dictate
which organisms will adhere to certain substrates. Thus, benthic organisms can be
substrate-selective, and differences in larval preference may result in the development of
divergent communities among different substrate materials (Burt and others 2009).
Rahim and others (2004) demonstrated that larvae of a wide range of marine
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invertebrates do not settle and metamorphose unless they encounter specific conditions
that are likely to ensure their growth and survival. These settling larvae react to the
physical, chemical, and biological properties of the substrate, and exhibit specific
behaviors upon contact with a suitable biofilm (Rahim and others 2004). Differences in
biofilm processes among substrate types also have an effect on the settlement and
recruitment of algae (Park and others 2011 ). Hladyz and others (2011) used stable isotope
analysis to show that substrate differences also have an effect on energy flow to primary
consumers in aquatic food webs. Therefore, exploration into the dynamics of biofilm
development on varying substrates is of the utmost importance.
Probably the most important role of fungi in the marine ecosystem is the supply of
essential nutrients to detritivores (Phillips 1984). Both fungi and bacteria are a source of
vitamins and amino acids, which are extremely essential for detritivores. Some examples
are essential amino acids that cannot be synthesized by the animals, such as lysine and
methionine, various vitamins, sterols that contribute to the cholesterol of animal tissues
and polyunsaturated fatty acids (Raghukumar 2008). The role of polyunsaturated fatty
acids for detritivores has gained attention, since some of these, such as docosahexaenoic
acid, are essential for growth and maturation of crustaceans (Harrison 1990). Detritus is
at the center of classic descriptions of energy flow, and is considered to be a key
determinant of species richness in some communities (Lindeman 1942, Hagen et al
2012). Detritus has been shown to greatly affect the abundance and density of detritivores
in a broad range of ecosystems (Hagen et al 2012). In fact, most of the energy available
in marine food webs is contained in the detrital pathway (Lindeman 1942). An
overwhelming majority of fungi isolated from the marine environment are able to
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produce extracellular cellulose, which indicates the potential involvement in crucial
remineralization processes occurring in detritus formation and the associated changes in
the carbon to nitrogen ratio (Weston and Joye 2005, Mouton et al 2012).
Given that there are an estimated 5 million species of fungi (O'Brien and others
2005), and that only 99,000 species have been described thus far, the likelihood of
discovering novel fungal species is quite high. Many new fungal species escape
discovery because large geographical areas, such as South America, Africa, China, and
boreal and tropical regions worldwide, remain unsampled (Shearer et al 2007). Cryptic
species that have adapted to localized environmental conditions with convergent
evolution in morphology may be common as well (Shearer et al 2007). Several groups of
fungi, including marine and freshwater species, have only been studied recently and
much work remains to be done. The most intensive collecting efforts for aquatic fungi
have occurred in Asia, Australia and North America, causing a considerable number of
commonly occurring species to be reported within similar ranges in latitude in distant
regions in the eastern and western hemispheres (Shearer et al 2007). The field of marine
mycology has a relatively short history when compared to other branches of the life
sciences. Although the first obligate marine fungus was described and illustrated about
150 years ago, serious collecting of fungi from the marine environment started with
Barghoorn and Linder (1944). Thus far, just about 3047 taxa have been reported from
aquatic habitats, with the largest taxonomic group being the Ascomycota (Shearer et al
2007).

It is not clear whether marine fungi migrated to the sea from terrestrial sources as
spores, or if there are separate phenotypes that live and reproduce in the sea. Fungal
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species in the sea are defined as either being obligately marine or facultatively marine.
Obligate marine fungi are defined as fungi that grow and reproduce exclusively in the
marine environment (Kohlmeyer and Kohlmeyer 1979). Facultative marine fungi
originated from a terrestrial or freshwater habitat and have adapted to grow and possibly
reproduce in the marine environment (Kohlmeyer and Kohlmeyer 1979). Facultative
marine fungi may be carried to the sea by wind, rain, or terrestrial runoff. Many are very
common in the ocean, and they may include populations that have adapted to grow in
marine environments, eventually becoming obligately marine (Zuluaga-Montero et al
2010). Colonization of the ocean by facultative fungi has happened many times
independently (Hibbert and Binder 2001). Advantageously, the ocean lacks barriers for
conidial dispersion, so the rate of dispersal in the sea can be faster than in terrestrial
systems due to strong ocean currents (McCallum et al 2003).
Accepted definitions of a biofilm vary, but the majority includes assemblage
characteristics as follows: the community of cells is attached to a substratum or interface,
the cells are embedded in a matrix of extracellular polymeric substances (EPS) that they
have excreted, and the microbes exhibit an altered phenotype with respect to growth rate
and gene expression (Donlan & Costerton 2002). Fungi are especially adapted for growth
on surfaces, as evidenced by their secretion of extracellular enzymes to digest complex
molecules (Harding and others 2009). It is widely known that yeasts, such as Candida
spp., form mixed species biofilms, however, the idea that filamentous fungi form biofilms
is still debated (Harding and others 2009). Hydrophobins are proteins exclusive to
filamentous fungi which allow fungal hyphae to form complex structures and layers
(Harding and others 2009). Compact hyphal structures formed by the fungal pathogen,
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Aspergillusfumigatus, have proved the presence ofEPS along with differential gene
expression and lessened sensitivity to antifungal drugs (Mowat and others 2009). Enzyme
production by filamentous fungi is absolutely influenced by biofilm formation, as
observed in cellulose and xylanase production (Gamarra and others 2010, Mitra and
others 2011) Furthermore, filamentous fungi are capable of quorum sensing via diffusible
extracellular signal molecules that regulate morphology and growth characteristics
(Hogan 2006, Harding and others 2009).
Characterizing the often-overlooked biofilm mycota of artificial reefs can shed
further light on basal food web dynamics in these systems. Fungi may function as
secondary producers in these systems, fueling many of the primary consumers that
support artificial reef habitats, and hence support associated fisheries resources. Biofilm
communities are important in the production and decomposition of organic matter as well
as the cycling of limiting nutrients (Moss and others 2006). Fungi, along with
heterotrophic bacteria, are generally recognized as crucial mediators of carbon, nutrient,
and energy flow in ecosystems. Fungi participate actively in the carbon cycle by
replenishing carbon dioxide to the atmosphere and releasing inorganic nitrogen and
phosphorus into the soil (Dighton 2007). Fungi are one of the main organisms responsible
for the recycling of plant detritus in both terrestrial and aquatic ecosystems (Dighton
2007). The presence of fungi as active degraders of marine-derived organic matter has
been largely underestimated. Significant extracellular enzymatic hydrolysis has been
reported in the marine environment at times when high levels of fungal carbon is present,
suggesting that prokaryotes are not the only microorganisms able to process organic
polymers in marine ecosystems (Gutierrez and others201 l). During upwelling events,
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fungi can be responsible for more than 30% of extracellular hydrolysis of photosynthetic
carbon (Gutierrez and others2011). Based on the fact that fungi are an important part of
the marine microbial community, Gutierrez and others (2011), suggest that the current
model of the microbial loop be modified to account for the role that fungi play during the
processing of organic matter.
Biofilm communities carry out key processes contributing to the proper
functioning of many environments including carbon cycling, primary production, trophic
linkage, and transfer and removal of pollutants. Biofilms participate in the removal of
pollutants through uptake, degradation, transformation, and immobilization of these
compounds (Ortega-Morales et al 2010). Conversely, microorganisms can also transform
pollutants in a negative way. The transference of pollutants is mediated by the absorptive
properties of biofilm EPS, which can bind and concentrate a range of metal ions,
metalloids, and molecules. The association of these contaminants with EPS may
significantly enhance their bioavailability in marine systems given that EPS, as a form of
potentially labile carbon, constitutes an efficient trophic transfer vehicle for the admission
and magnification of contaminants into food webs (Decho 2000).
Temporal changes in temperature, precipitation, and water quality can have
significant impacts on microbial community composition and the functional structure of
the biofilm. These changes can include biofilm physical attributes, such as thickness and
morphology (Tsuchiya and others 2011). Studies have shown that temporal variations
affect biofilm chemical concentrations, and that these changes can affect the initial
adhering community composition (Bakker and others 2003, Tsuchiya and others 2011).
Changes in pH can alter microbial community structure by either supporting or
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discouraging the growth of sensitive organisms. In addition to its effects on growth, pH
changes can also alter microbial metabolic processes. For example, an acidic pH can
increase the rate of aflatoxin production by Aspergillus parasiticus (Calvo and others
2002). While studying the upwelling ecosystem off Chile, Gutierrez and others (2011)
determined that fungal biomass, metabolic activity, and extracellular enzymatic activity
responds to seasonal nutrient cycles. Furthermore, nutrient ions that are adsorbed by
mixed biofilm EPS show fluctuations in concentrations corresponded with seasonal
changes (Tsuchiya and others 2011). Thus, temporal variations can modify artificial reef
mixed biofilm communities in far reaching ecological ways that science has yet to
discover.
Biofilms respond to changes in environmental conditions, even by altering their
community structure and composition (Ortega-Morales et al 2010). Fungal-bacterial
biofilms can be regarded as early warning systems for detection of the effects of toxic
chemicals on aquatic systems because they grow quickly, are sessile in nature, are
sensitive to changes, have an abundant and cosmopolitan distribution, can be sampled
rapidly, and have a wide range of attributes that can be measured quantitatively (Burns
and Ryder 2001). Biofilm assemblages have short life cycles, allowing for a rapid
response to changing conditions. They are species rich and characteristically the first
organisms to respond to and recover from stress. Functional attributes such as
productivity, respiration, and food-web analysis from biofilms are ideal measures of
system integrity because they provide an integrated response to a broad range of
disturbances (Burns and Ryder 2001). This allows for the examination of long-term and
cumulative impacts on aquatic communities from the base of the food chain.
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Anthropogenic effects on the marine environment are often multifaceted, and can
result in complex repercussions. In addition to the use of biofilms as bioindicators,
aquatic fungal communities are excellent candidates as bioindicators of ecosystem
disturbance. Notably, the opportunistic strategy of fungal nutrition enables them to have a
swift response to changing conditions (Gutierrez and others 2011). Fungi are ubiquitous
in the marine environment and have the ability to thrive even in the harshest habitats
(Sole and others 2008). In contrast to bacterial communities and biofilms in the ocean,
the number of aquatic fungal species is much more manageable. In fact, species diversity
and measurements of fungal biomass are very useful ecosystem indicators that are better
at reflecting the health status present within a given habitat (Gonzalez and Hanlin 2010,
Sole and others 2008). Corollospora maritima is an example of a successful fungal
bioindicator due to its cosmopolitan distribution, sensitivity to pollution, ease of
identification, and ease of quantitative sampling with repeatable and inexpensive
methodology (Gonzalez and Hanlin 2010). Monitoring the impacts of tourism, pollution,
beach management, and hurricane damage can be achieved by measuring aquatic fungal
species richness and frequencies of occurrence.
Fungi have been isolated from oil-contaminated water bodies in the terrestrial
environment, as well as surface films and tar balls in the marine environment
(Raghukumar 2008). The Deepwater Horizon oil spill began on April 20, 2010 and lasted
for 89 days. This represents one of the direst anthropogenic incidences to plague the
marine environment. Fungal response to the oil spill in the Gulf of Mexico emphasizes
their potential for bioremediation, given their apparent ubiquitous ability to utilize
hydrocarbon compounds (Bik and others 2012). Bik and others (2012) further report that
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most post-spill sites were tremendously dominated by fungi. Most polycyclic aromatic
hydrocarbons (PAHs) are hydrophobic, causing them to bind to the sediment and become
less bioavailable. However, communities within the sediment proved to be almost
exclusively composed of fungal representatives, with greater than 92% of that proportion
being Cladosporium species (Bik and others 2012). One advantage that fungi have to
perform degradation in sediment is the hyphal ability to penetrate through anoxic
sediment aggregates or hydrophobic environments (Mendelssohn and others 2012). Many
fungi can transform hydrocarbons, and a few strains are even capable of cleaving
aromatic rings (Mendelssohn and others 2012). Fungal-bacterial co-populations have
shown a considerable increase in the mineralization of PAHs, and they can significantly
reduce the mutagenicity of contaminated soils (Frey-Klett and others 2011). Even though
harmful impacts resulted from the Deepwater Horizon oil spill, the Gulf of Mexico will
recover with the aid of microbes and fungi.
Fungi and bacteria coexist and interact in nearly every environment. They can
transfer and exchange nutritive metabolites, antibiotics, signaling molecules, and other
biomolecules among themselves (Frey-Klett and others 2011). In fact, as more genome
sequences become available, there is mounting evidence that natural horizontal gene
transfer occurs between fungi and bacteria (Mallet and others 2010). One recent study
identified over 700 genes of probable prokaryotic origin in fungal genomes (MarcetHouben and Gabaldon 2010). Chemotaxis of bacteria toward fungi and their derived
molecules has been reported in numerous publications as well. One example is that of
both beneficial and harmful Psuedomonas species exhibiting chemotaxis toward fungal
mycelia exudates (Grewal and Rainey 1991). According to newer studies, fungi and

11
bacteria often form physically and metabolically interdependent associations that exhibit
properties distinct from those of their singular components (Frey-Klett and others 2011).
Multi-species biofilms form differing types ofEPS, which can provide an even stronger
defense against antimicrobial compounds. In this display of enhanced survival, some
fungal-bacterial biofilms show increased resistance to both antibiotics and antifungal
drugs (Elias and Banin 2012). Incredibly, interspecies quorum sensing communication
also occurs between fungi and bacteria living within a biofilm (Elias and Banin 2012). It
is very likely that many more fungal-bacterial interactions take place, especially in the
marine environment, which is relatively understudied from a mycological perspective.
Everywhere, including unexpected environments, fungi and bacteria live side by side and
interact. Clear parallels can be drawn between some of these diverse fungal-bacterial
interactions which can greatly impact future technologies.
The most extensively studied category of fungal-bacterial interactions is
molecular communication. Antibiosis can be described as chemical warfare by the
diffusion of deleterious and complex chemical molecules from one organism to the other.
Research in this field has lead to the discovery of many different types of antibiotics,
which is of particular interest given the high prevalence of antibiotic resistant bacteria.
Wide varieties of mechanisms have been identified, such as the inhibition of cellular
respiration, cell wall synthesis, and transport systems (Frey-Klett and others 2011).
Some fungal species can also produce inhibitors of bacterial quorum sensing, cutting off
their communication system to other bacteria (Frey-Klett and others 2011). In an example
of a positive interaction, fungi or bacteria can benefit from specific compounds produced
by the other if they cannot synthesize it themselves (Frey-Klett and others 2011). Fungal-
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bacterial populations have also exhibited cooperative metabolism in which metabolite
exchange results in the formation of a molecule that neither one could have produced on
their own (Frey-Klett and others 2011).
Fungal-bacterial biofilms can be composed as mixed complexes of the two or
fungi may even provide structural support for the establishment of bacterial biofilm on
their hyphae. Contact and adhesion between the two are likely to be important early
events in the process of the formation of mixed biofilms (Frey-Klett and others 2011).
Cell wall proteins are of particular importance in biofilm formation, not only for
adhesion, but also in promoting adherence-induced responses (Fanning and Mitchell
2012). Slightly rigid fungal structures are formed by the secretion of small proteins called
hydrophobins. These proteins are exclusive to filamentous fungi and they play a role in
the attachment of hyphae to hydrophobic surfaces (Harding and others 2009).
Hydrophobins are able to self-assemble at interfaces into highly stable monolayers,
altering hyphal surface layers (Rieder and others 2011). These hydrophobin layers could
be designed to form hyphal aggregates into complex structures, which would allow for
increased biofilm surface area (Harding and others 2009).
Despite evidence that fungi can colonize even extreme marine environments, such
as deep-sea hydrothermal vents and hypersaline waters, their distribution and diversity in
the sea is poorly documented. Their ecological role in the coastal ecosystem is even more
poorly understood. New molecular technologies are beginning to allow us to assess more
complex microbial communities, but their use is still limited due to the high associated
costs. The objective of this study is to characterize the fungal communities within biofilm
on both high profile and low profile artificial reefs in the Mississippi Sound. This study is
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the first of its kind in that these fungal biofilm communities are not grown on substrates
controlled by the researcher, but instead are from in situ substrates analyzed at intervals
throughout the year. This study will characterize the fungal communities in biofilm on
artificial reefs both morphologically and molecularly to yield the most accurate
representation of fungal species diversity within these biofilms. Such data could be
extrapolated for use under diverse circumstances, including artificjal reef management,
fungal-bacterial interaction studies, and temporal, environmental, and anthropogenic
impacts on coastal mycota.
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CHAPTER II
MATERIALS AND METHODS
Artificial ReefSampling Sites
One high profile and one low profile artificial reef were chosen for sampling in
both the East and West Mississippi (MS) Sound (Fig. 1). Katrina Key Reef was the high
profile reef in East MS Sound with a substrate bottom of limestone rock, and the reef
sampling area was created on August 17, 2009. The high profile reef in West MS Sound
was Square Handkerchief Key, which was constructed out of crushed concrete bridge
material, and the sampling area was created on July 9, 2009. Legacy Towers Reef, the
low profile reef in East MS Sound, was last replenished in 2007 and the substrate is
composed of limestone rock. The low profile reef in West MS Sound, USM Reef, is
composed of mixed oyster shell and limestone rubble and was last replenished in 2009.

Figure 1. Location of artificial reef sites along the North-Central Mississippi
Sound.
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Artificial reef substrate was collected beginning in September 2009 at both high
profile artificial reefs. Sampling at the low profile artificial reef, USM reef, began
November 2010, while Legacy Towers Reef sampling began March 2011 (Table 1).
Table 1

Artificial ReefSampling Event Dates.

Date

Reef Site

Subsites

Sept. 23 , 2009

Katrina

1,2,3

Handkerchief 1,3
Oct. 28, 2009

Katrina

1,2,3

Handkerchief 1,2,3
Nov. 18, 2009

Katrina

1,2,3

Handkerchief 1,2,3
Jan. 27,2010

Katrina

1,2,3

Handkerchief 1,2,3
Mar. 24, 2010

Katrina

1,2,3

Handkerchief 1,2,3
Apr. 20, 2010

Katrina

1,2,3

Handkerchief 1,2,3
Sept. 3, 2010

Katrina

1,3

Handkerchief 1,2,3
Nov. 9, 2010

Katrina

1,2,3

Handkerchief 1,2,3
Mar. 17, 2011

USM

1,2,3

Katrina

1,2,3

Handkerchief 1,3

Jul. 20, 2011

USM

1,2,3

Legacy

1,2,3

Katrina

1,2,3

Handkerchief 1,2,3
USM
Legacy

1,2,3
1,2,3
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Samples were repeatedly taken at 3 specific subsites on each artificial reef. The
Mississippi Department of Marine Resources had replenished each reef periodically. The
3 particular subsites within reefs were chosen according to the area of the newest rock to
comprise the reef. A biotic factors such as salinity, temperature (°C), dissolved oxygen

(%), and pH values, as well as GPS coordinates, were recorded at each subsite for every
sampling event. Substrate was collected from the reef bed at each site using 14 foot long
oyster tongs and placed in zippered plastic bags for storage on ice and transportation back
to the lab. The number of sample substrates collected at each sampling event ranged from
4-8, depending on size and visual estimations of biofilm.

Biofilm Collection
Biofilm collection techniques were based on the methods published by Lyautey
and others (2005). Upon returning to the laboratory, the rocks were placed in labeled
plastic containers according to sample site with 100 mL sterile distilled water. The
biofilm was removed by brushing the rocks with a sterile toothbrush to loosen any firmly
attached material. Once the water was saturated with film, it was filtered to remove sand,
invertebrates, and other flotsam that was also attached to the rocks by pouring through a
500 µm mesh sieve over a funnel and into two 50 mL conical tubes. The film was then
allowed to settle overnight in a 4°C incubator. Excess water was poured off and the film
was pipetted into a 2 mL collection tube. The collection tube was then centrifuged at
13,500 rpm until all excess water had been extracted. The remaining biofilm pellet was
stored at -20°C until a DNA extraction could be performed.

Morphological Characterization ofFungal Community
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To physically characterize biofilm fungi , fungal genera were morphologically
examined by isolating fungal cultures from each site. The biofilm was initially streaked
onto antibiotic saltwater agar (ASWA) containing Penicillin and streptomycin to inhibit
bacterial growth and incubated at ambient temperature until mycelia were observed.
Then, subcultures were made by transferring each unique looking colony to potato
dextrose agar (PDA). The increased nutrients in PDA aid the fungus in producing
reproductive structures. Subcultures of these isolates were made until each plate consisted
of axenic mycelia. The axenic cultures were incubated further until reproductive
structures were observed or the isolate appeared mature. Fungal structures were removed
from the isolate using a flame-sterilized needle and slide mounted in lactophenol cotton
blue. Identifications were made by observation of definitive reproductive structures using
a Nikon Eclipse 80 microscope with Nomarski interference contrast optics. Dichotomous
and pictorial keys (Barnett and Hunter, 1998, St-Germain and Summerbell, 1996,
Malloch, 1981) were used to make genus-level identifications.

DNA Extraction Optimization
Biofilms are mostly composed of extracellular polymeric substances (EPS), which
contain polysaccharides, proteins, salts, and humic substances. Consequently, microbes
within a biofilm are difficult to lyse and the nucleic acids, once purified, may still contain
inhibitory substances. Furthermore, the fungal cell wall structure is highly complex,
consisting of thick layers of chitin, p-glucans, lipids, and peptides. A tough surface layer
of melanin can also be present, making the cell wall highly resistant to UV light,
enzymatic digestion, and chemical breakdown (Karakousis and others 2006). Based on
methods described by Karakousis and others (2006), a series of comparisons was needed
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to determine the optimal extraction technique for fungal biofilm community DNA. Four
factors were compared: (i) Lyticase (Sigma-Aldrich, St. Louis, MO) concentration: 200U
(Campbell and others 2009) and 400U (Karakousis and others 2006); (ii) Digestion buffer
type: sorbitol buffer (Griffiths and others 2006) and MoBio supplied extraction kit buffer;
(iii) Initial digestion time: four hours (Campbell and others 2009) and overnight
(Karakousis and others 2006); and (iv) Extraction kit: MoBio UltraClean Microbial DNA
Extraction kit and MoBio PowerBiofilm DNA Extraction kit (MoBio Laboratories, Inc.,
Carlsbad, CA). For this study, these comparisons revealed that digestion with 200U
lyticase in MoBio PowerBiofilm buffers BFl and BF2 for four hours at 30°C in a dry
bath incubator, then physical disruption with a tissue homogenizer and micropestle,
followed by extraction with MoBio PowerBiofilm DNA Extraction kit yielded the most
pure DNA for downstream reactions. To standardize the biofilm samples, 0.25 mL of the
biofilm pellet was used for each DNA extraction from every sample site.

Molecular Characterization ofFungal Community
For the fungal species that can be cultivated, only those that are actively
sporulating can be identified, and microscopic descriptions are not always able to
discriminate between similar organisms that are physiologically different. For those
fungal species that require specific culture media and growth conditions, molecular
approaches can characterize nucleic acids that are present in all stages of the fungal
lifecycle avoiding any issues associated with microscopy-based identification alone. Most
fungi found in the marine environment are members of the phylum Ascomycota (Shearer
and others 2007). To amplify ascomycete internal transcribed spacer region (ITS) rDNA
from the biofilrn, the primers ITS 1-F: 5' CTT GGT CAT TTA GAG GAA GTA A 3'
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(Gardes and Bruns 1993) and ITS 4-A: 5' CGC CGT TAC TGG GGC AAT CCC TG 3'
(Larena and others 1999) were used. This primer set amplifies a total product of 1225 bp,
spanning the complete ITS region, ITS 1 and 2, and 5.8S. The PCR conditions consist of:
initial denaturation at 95°C for 3 minutes, 35 cycles of denaturation at 95°C for 1 minute,
annealing at 52°C for 30 seconds, extension at 72°C for 1 minute, followed by a final
extension at 72°C for 10 minutes (Walker and Campbell 2010). ITS rDNA was amplified
by polymerase chain reaction (PCR) in a Thermo Electron Px2 thermocycler or a Peltier
Thermal Cycler PTC-100.
Cultured fungal isolates that appeared unique from each artificial reef site or were
sterile after incubating for more than 3 weeks were subjected to ITS gene sequencing.
Axenic mycelia from each unique or sterile culture were stored at -20°C in a 2 mL
collection tube until a DNA extraction could be performed. Extraction of fungal DNA
was performed with a MoBio UltraClean microbial DNA isolation kit. The suggested
protocol was followed with the exception of an initial digestion at 30°C for 4 hours in a
dry bath incubator with 200 U lyticase, 300 µL Microbead solution, and 35 µL solution
MD 1 followed by tissue homogenization with a micropestle. Ascomycete isolates were
amplified with the previously discussed primers and PCR parameters. Non-ascomycete
isolates were amplified with the primer pair ITS 1-F and ITS 4: 5' TCC TCC GCT TAT
TGA TAT GC 3' (White and others 1990) and PCR parameters: initial denaturation at
94 °C for 2 minutes, 34 cycles of denaturation at 94 °C for 1 minute, annealing at 51 °C for
1 minute, extension at 72°C for 2 minutes, followed by a final extension at 72°C for 8
minutes (Robinson and others 2009). In both instances, the universal forward sequencing
tail M13 (-40) 5' GTT TTC CCA GTC ACG AC 3' was attached to primer ITS 1-F.
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Sequences were read at the University of Illinois Urbana-Champaign Core Sequencing
Facility and Beckman Coulter Genomics, both using Applied Biosystems 3730xl DNA
Analyzers. Sequences obtained were compared with the reference sequence database
NCBI GenBank using the BLAST search engine (Altschul and others 1997).
Fungal biofilm community structure was analyzed molecularly using terminalrestriction fragment length polymorphism (T-RFLP). ITS rDNA was amplified in
triplicate for each sample using fungal primers ITS lF (Gardes and Bruns 1993) and ITS
4-A (Larena et al 1999) with ITS 1-F labeled on the 5' end with the fluorescent dye FAM
(6-carboxyfluorescein). All PCR products were combined and purified using a QIAquick
PCR purification kit (Qiagen, Valencia, CA). Purity and yield were measured using a
NanoDrop ND-1000 spectrophotomoter. Each sample was then subjected to a restriction
digest in a 1.5 mL microcentrifuge tube by the enzyme Hae III (Roche Applied Science,
Indianapolis, IN). The digest reaction contained 100 ng purified PCR product, 1 µL (10
U) Haelll enzyme, 1 µL SuRE/Cut Buffer M (10 X), and ddH20 to equal 10 µL total
volume. The restriction digest reaction was kept at 3 7°C for 3 hours in a dry bath
incubator. Fragment samples were then stored at -20°C before being sent for analysis to
the University of Illinois Urbana-Champaign Core Sequencing Facility using an Applied
Biosystems 3730xl DNA Analyzer.
Data Analysis

The cleavage site for Hae III is located between the second and third bases of the
GGCC nucleotide sequence. This yields only one fluorescently labeled terminal
restriction fragment (T-RF), and its size is quantified by capillary gel electrophoresis.
Phylotype richness for each sampling site can be quantified by the number of T-RFs in a
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fungal community profile (Walker and Campbell, 2010). T-RFLP results were retrieved
from GeneMapper Version 3.7 software in the form of chromatograms and exported
Microsoft Excel comma separated values files (.csv) for each sample site. The .csv files
were converted to text documents (.txt) which could then be analyzed using R statistical
computational software (RDC Team 2010) and the R-script T-RFLP analysis algorithm
(Abdo and others 2006). These routines remove artifact peaks by normalizing the peak
values, calculating the standard deviation while assuming the true mean is equal to 0, and
identifying peaks that have values larger than 3 standard deviations. These steps are
repeated until no more peaks exceed 3 standard deviations, and then a data matrix is
formed that includes only the identified, larger "true" T-RF peaks (Abdo and others
2006). The software program, Paleontological Statistics (PAST), was then used to
convert the R-generated matrix into a file compatible with Microsoft Excel (Hammer and
others 2001).
We used peak height in T-RFLP profiles as a proxy for the relative abundance of
fungal taxa represented by each restriction fragment (Walker and Campbell 2010). In
Microsoft Excel, a matrix was generated for every sampling period that accounted for
each T-RF and their original, .csv file, peak height values, or "abundance proxy". These
matrices were then combined to form a complete data set detailing the relative
abundances for each T-RF per site. Peaks were assumed to be uninformative and were
removed from subsequent analysis if they occurred in less than 3 profiles (Stepanauskas
and others 2003).
Plymouth Routines in Multivariate Ecological Research software (PRIMER 6,
PRIMER-E Ltd, Plymouth, UK) was used to perform community analyses. Bray-Curtis
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similarity matrices were generated for aggregated reef site T-RF data and for reef profile
comparison T-RF data. Prior to calculation, T-RF data were log (x+ 1) transformed to
normalize the concentration data. Nonmetric multidimensional scaling was used to
display the relationships between samples for each time period. Ordination patterns were
clarified with overlaid groupings determined through hierarchical cluster analysis of the
same similarity data. Analysis of similarity (ANOSIM) tests were performed to elucidate
fungal T-RF community differences between groups with respect to factors such as
sampling time, reef profile, and latitudinal position in the Mississippi Sound. The
ANOSIM test statistic, R, is centered on 0, which indicates no differences among the
groups. As R approaches 1 or -1, the null hypothesis is rejected indicating a significant
difference among groups (Clarke and Gorley 2006). The similarity percentages
(SIMPER) routine was applied to decipher percentage contributions from each T-RF to
the similarity and dissimilarity of each reef in relation to the others. The BEST procedure
was used to find any matches between the among-sample patterns of the T-RF
communities and any patterns from the abiotic variables associated with those samples.
Diversity indices were calculated using the DIVERSE module of Primer (v.6).
The Linear Mixed Model Procedure was used in SPSS (v. 18.0) (SPSS, Inc.,
Chicago, IL) to examine differences between high profile reef fungal T-RF communities
over time and fungal diversity changing with time, , as conveyed by scores for the first
two NMDS axes, as well as by fungal diversity as conveyed by the Shanon-Wiener
Diversity Index of T-RF data. The Linear Mixed Model included time as a repeated
measure, and also included terms for reef (Handkerchief vs. Katrina), and the interaction
between reef and time. Both Compound Symetry (CS) and first order Autoregressive
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(ARI) covariance structures were considered, and the simpler CS covariance structure
was used for interpretations. The selection of covariance structure was based on the lower
Akaike's Information Criterion.
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CHAPTER III
RESULTS

Morphological and ITS Gene Sequencing Identification
Thirty one genera of fungi were cultured from artificial reef biofilm samples
throughout all ten sampling periods and identified using morphological techniques and
ITS gene sequencing (Figure 2). The most common culturable genera included

Aspergillus, Aureobasidium, Cladosporium, Penicillium, and Trichoderma (Figure 3).
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Figure 2. Pie chart showing culturable fungal genera and their percentages found
during this study.
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There were also many culturable fungal isolates that did not sporulate under
laboratory conditions. For these isolates, ITS gene sequencing aided in their identification
(Table 2).

Figure 3. Representatives from the most common culturable fungal genera found
in biofilm on artificial reefs during this study: (A) Aspergillus (400X) (B)
Cladosporium (400X) (C) Penicillium (400X) (D) Aureobasidium (400X) (E)
Trichoderma (160X).
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Table 2

Fungal Isolates Identified by GenBank BLAST Search of/TS Gene Sequences
Species

% Match

Base
Pairs

Site

Date

Author
Soca-Chafre and others
(2008)

Letendraea
helminthicola

97%

603/ 1194 bp

KB

Nov. 2010

Malassezia sp.

98%

720/763 bp

KA

Sep.2010

Williopsis
californica
Rhodotorula sp.

100%

405/574 bp

HC

Mar. 2010

Perez-Perez and others
(2008)
Suh and Zhou (2009)

100%

610/643 bp

KA

Nov. 2009

Li and others (2010)

Sporobolomyces
sp.
Exophiala
spinifera
Acremonium
alternatum
Paecilomyces sp.

96%

575/ 1206 bp

KC

Oct. 2009

Wang and Bai (2004)

99%

482/585 bp

HB

Sep.2009

99%

580/587 bp

HA

Sep.2009

Hamada and Abe
(2009)
Tian (2009)

99%

581 /620 bp

HA

Mar. 2010

Yan and others (2012)

Penicillium sp.

93%

379/548 bp

HC

Mar. 2010

Penicillium
herquei
Trichoderma
harzianum
A ureobasidium
pullulans
Cladosporium
sphaerospermum
Penicillium
citreonigrum
Trichoderma
harzianum
Pseudozyma
aphidis

96%

392/539 bp

HB

Jul. 2011

99%

433/642 bp

HB

Sep.2010

100%

501 /583 bp

HB

Nov. 2009

97%

396/1089 bp

KA

Sep.2009

98%

384/568 bp

HB

Jul. 2011

100%

620/645 bp

HA

Oct. 2009

100%

512/804 bp

KA

Sep.2009

Houbraken and others
(2010)
Wang and others
(2011)
Rodrigues and others
(2011)
Y arden and others
(2007)
Kobayashi and others
(2010)
Singh and others
(2010)
Druzhinina and others
(2004)
An (2011)

Ochroconis sp.

99%

405/643 bp

KA

Nov. 2009

Luijsterburg (2010)
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Table 2 (continued).
Base
Pairs

Site

Date

Species

% Match

Phaeoacremonium
mortoniae

99%

496/623 bp

HA

Nov. 2009

Nigrospora sp.

99%

442/490 bp

HC

Sep. 2010

Zygorhynchus
moelleri

100%

636/620 bp

KC

Mar. 2011

Author
Lynch and others
(2011)
Wang and others
(2011)
Molitor and others
(2008)

T-RFLP Results
T-RFLP analysis revealed 203 fungal phylotypes present in artificial reefbiofilm,
126 more than the 77 phylotypes that were detected by traditional morphological
methods. In total, seventy-two chromatograms were generated during this study. One
chromatogram was generated for each of the 3 subsites per reef per sampling period.
However, there were 3 instances when a subsite sample had to be removed from the study
due to contamination: Handkerchief subsite 2, sample date Sep. 2009, Katrina subsite 2,
sample date Sep.2010, and Handkerchief subsite 2, sample date Mar. 2011. As
previously described, T-RFLP peaks were normalized and true peaks identified using R
statistical computational software (RDC Team 2010) and the R-script T-RFLP analysis
algorithm (Abdo and others 2006). T-RFLP patterns from all samples were analyzed by
counting the number of T-RF peaks as an index of phylotype richness . Peak height in TRFLP profiles was employed as a proxy for the relative abundance of fungal taxa
represented by each T-RF (Walker and Campbell 2010).
Primer (v.6) (Clarke and Gorley 2006) was used to compare all artificial reefTRFLP patterns from every sampling period. An analysis of similarities (ANOSIM)
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Figure 4. NMDS cluster visualization of the Bray-Curtis similarity index of all
reefs for all sampling time periods. Similarity groups show differences in artificial
reef fungal biofilm community T-RF patterns with time; fungal biofilm
communities do vary among reef sites [Handkerchief (H),Katrina (K),Legacy
(L),USM (U)] at each sampling period (01-10).
performed on the Bray-Curtis similarity matrix of all T-RF data from all reef subsites at
all sampling time periods revealed a between reef R=0.573 with P<0.001 and a between
time R=0.959 with P<0.001. A two way crossed ANOSIM performed on the same BrayCurtis similarity matrix revealed a between longitudinal R=0.483 with P<0.001 and a
between time R=0.939 with P<0.001. Cluster analyses and non-metric multidimensional
scaling (NMDS) were used to help elucidate 2-D NMDS T-RF patterns (Figure 4).
A stress value of 0.19 indicated that fungal T-RF communities were fairly well
represented by the first two NMDS dimensions. NMDS plots depicted fungal T-RF
community similarity patterns that occurred with sampling time periods and patterns
shown by individual reefs and longitudinal positions in the Mississippi Sound.
Relationships between abiotic variables and fungal T-RF composition were examined
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Figure 5. NMDS cluster overlay of Bray-Curtis similarity matrix of all reefs
[Handkerchief (H),Katrina (K),Legacy (L), USM (U)] labeled by reef profile and
sampling times Nov. 10 (08), Mar. 11 (09), Jul. 11 (10).
with BEST (Primer v.6). The results revealed a correlation statistic, Rho=0.292 for the
temporal variable with P<0.007, indicating that time was the only abiotic variable
contributing to community differences.
To accurately compare fungal communities in biofilm from low profile reefs to
high profile reefs, T-RFLP data from every reef subsite, but only three sampling periods
between Nov. 2010 and Jul. 2011, were examined because sampling of the low profile
reefs did not begin until Nov. 2010. As previously stated, T-RF abundance amounts were
log (x+ 1) transformed prior to calculation of the Bray-Curtis similarity matrix. A cluster
analysis overlay on NMDS shows T-RF distributional patterns between high and low
profiles (Figure 5). A stress value of 0.09 indicated that fungal T-RF communities were
very well represented by the first two NMDS dimensions. A two way crossed ANOSIM
on this Bray-Curtis analysis matrix showed a strongly significant between time difference
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(R=0.889, P<0.001), a between reef difference (R=0.517, P<0.001), and a significant, but
weaker between profile variation (R=0.167, P<0.019).
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Figure 6. Line graphs depicting differences in NMDS 1 and NMDS2 scores
throughout sampling time periods for Handkerchief and Katrina reefs.
Sampling events for the high profile reefs, Katrina and Handkerchief,
outnumbered those for USM and Legacy reefs, so more intensive temporal comparisons
were performed for these sites. A compound symmetry (CS) covariance structure was
assumed and applied to a linear mixed model in the statistical software package, SPSS (v
18.0). Linear mixed model type III tests of fixed effects with the dependent variable
NMDSl (Bray-Curtis Index) yielded a significant time difference (P<0.001) as well as a
significant reef effect (P<0.005). A similar analysis with the dependent variable NMDS2
(Bray-Curtis Index) showed a significant between-reef difference (P<0.006), a significant
time difference (P<0.001), and a significant reef with time interaction (P<0.001) (Figure
6). Application of the SIMPER routine was therefore valid, as statistical differences in
fungal communities do exist between the two reefs. The SIMPER routine was
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implemented to determine the role of individual T-RFs contributing to the dissimilarity
between Katrina and Handkerchief reefs (Table 3).
Table 3
Top ten T-RFs contributing to dissimilarity between Katrina & Handkerchief reefs
according to SIMPER analysis

T-RF

Katrina Av.
Amount

Handkerchief
Av.Amount

Av.
Contribution
Dissimilarity %

298
474
84
56
135
390
57
120
108
186

5.66
2.34
3.01
7.22
2.34
0
2.93
0.22
2.65
0.61

1.62
3.42
4.07
5.6
2.14
2.52
4.32
2.85
4.71
2.15

2.01
1.75
1.47
1.39
1.32
1.29
1.26
1.08
0.94
0.92

3.99
3.46
2.91
2.74
2.61
2.56
2.49
2.14
1.86
1.83

Phylotype richness and Shannon diversity were calculated for T-RF data using the
DIVERSE module of Primer (v.6) for Katrina and Handkerchiefreefs over all time
periods, and for all four reefs for the three sampling events between Nov. 2010 and Jul.
2011. Between sampling periods Nov. 2011 and Mar. 2011, Shannon diversity varied
greatly among all four reefs, and even among reef subsites. However, on Jul. 2011, all
four reefs had an average diversity index between 2 and 2.2. In SPSS, linear mixed model
type III ANOVA of fixed effects for the dependent variable, diversity, and using the CS
covariance structure showed significant shifting diversity among sample times (P<0.001).
The same analysis with phylotype richness as the dependent variable revealed significant
variation among sampling times (P<0.001) and a divergence between reefs with time
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(P<0.001). The phylotype richness contrast between Katrina and Handkerchiefreefs
showed an overall increasing trend until the very last sampling period, with Handkerchief
nearly always exhibited higher richness than Katrina. Handkerchief reef also tended to
have higher diversity that Katrina even though both reefs showed gradual increasing
diversity with time (Figure 7).
In summation, significant temporal differences were found among fungal biofilm
communities. Significant temporal differences were detected when comparing all four
artificial reefs across all ten sampling events. Longitudinal differences also occurred
between reefs in the West Mississippi Sound (Handkerchief and USM) and those in the
East Mississippi Sound (Katrina and Legacy). A very slight, possibly negligible,
difference was detected between high and low profile reef types as well. Furthermore, the
high profile reefs, Handkerchief and Katrina, were significantly different in fungal
biofilm community composition between reefs across the ten sampling periods.

33

Shannon Diversity - Low Profile v High Profile

.
.

X

x

25

X

~

¥

)$

.

X

~

e
+ Katrin.l

~

:,: 1.S

.i1.

Handk«chicf

X USM

O leg.icy

o.s
0
Jul.ll

Mar.11

Nov.10

Shannon Diversity Index - Katrina & Handkerchief Reef

2.S

-+-H,>ndkerchicf J
- . - H.lndk('((h1cl 2

:,: 1.5

-+--H.lodkC'f'Chicf3

-tl- Katnnal
_.,_ Katnna2
-if- KatoOJ3

0.5

Sep. 09

Oct. 09

Nov. 09

J.>n.10

Mar. 10

Apt. 10

- -- ---- -----

Scp.10

Nov. IO

Mar. 11

Jul. 11

- ---------~

IO

n

i--

U,.

II

I
II

Figure 7. Diversity Indices. Shannon diversity index values for low profile and
high profile reefs (top panel) and for Handkerchief and Katrina reefs (middle
panel). Phylotype richness values for Katrina and Handkerchief reefs are shown in
the bar graph (bottom panel).
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CHAPTER IV
DISCUSSION
Fungal diversity in artificial reef biofilm was compared between high and low
profile reefs, between longitudinal positions in the Mississippi Sound, and among the
four reefs sampled using both morphological and molecular methods. This study was the
first to characterize mixed-species fungal biofilm communities on in situ substrate of
artificial reefs in the marine environment.
All of the culturable fungi found in artificial reef biofilm in the current study are
classified as facultative marine fungi. However, it is unclear how adapted they are to life
in the sea. Were they merely conidia or propagules entrapped in biofilm EPS, are they
facultative fungi that can reproduce in the ocean, or are they divergent species evolving
into obligate marine fungi? Although Aspergillus species are normally considered
terrestrial, the genus is tolerant of high salt concentrations and low water activity
(Morrison-Gardiner 2002). Many Aspergillus species are ubiquitous in terrestrial
environments, but it is increasingly clear that they may also be ubiquitous in marine
environments as well (Morrison-Gardiner 2002). Aspergillus spp. were isolated from
Handkerchief reef at sampling periods Sep. 2009 and Sep. 2010, Katrina and
Handkerchiefreefs on Mar. 2011, and Handkerchief, USM, and Legacy reefs on Jul.
2011. Some species, such as A.jlavus, exhibit a well-documented tolerance to high
salinity and a wide range of utilizable substrata, which makes it a logical candidate to
adapt to life in the sea (Zuluaga-Montero and others 2010).

Aureobasidium spp. were cultured from biofilm sampled at Katrina and
Handkerchief reefs on sampling dates Sep. 2009, Oct. 2009, Apr. 2010, and Jul. 2011 ,
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Handkerchief reef on Nov. 2009, and Katrina reef on Sep. 2010. Aureobasidium are
ubiquitous species mainly found in association with plant leaves (Jia and others 2009).
However, in recent years, they are also found to be widely distributed in hypersaline
habitats and coastal waters (Gunde-Cimerman and others 2000). They contribute to the
rapid decomposition of organic materials through the production of cellulosolytic,
pectinolytic and ligninolytic enzymes (Domsh and others 1980). Aureobasidium

pullulans was cultured from Handkerchief reef at sampling periods Sep. 2009 and Nov.
2009, and some A. pullulans strains have even been found to produce iron-binding
siderophores, which most marine microorganisms in low iron availability waters can
secrete for their growth (Jia and others 2009).

Cladosporium spp. isolates were found at Katrina reef during sampling events
Sep. 2009, Mar. 2010, and Sep. 2010, as well as Handkerchief and Katrina reefs on Apr.
2010, Handkerchief, Katrina, and USM reefs on Nov. 2010, Handkerchief and USM reefs
on Mar. 2011, and at Handkerchief, Katrina, USM, and Legacy reefs on Jul. 2011.
Sampling efforts for fungi from hypersaline marine habitats often contain Cladosporium
isolates (Butinar and others 2005). Cladosporium is known as one of the most ubiquitous
air-borne fungal genera, and is frequently isolated from indoor and outdoor air, buildings,
and occasionally from humans and plants (Zalar and others 2007, Park and others 2004,
Aihara and others 2002). Initially, they were considered airborne contaminants in the sea,
but many of these Cladosporium isolates were identified as C. sphaerospermum, which
has exhibited high osmotolerance, suggesting a partiality for osmotically stressed
environments (Zalar and others 2007). Interestingly, C. sphaerospermum was cultured
from biofilm collected at Katrina reef on sampling date Sep. 2009.
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Penicillium is one of the most cosmopolitan genera of fungi, and includes more
than 225 species, mainly isolated from food, soil, or air .(Pitt and others 2000). Thus, it is
not surprising that Penicillium spp. were cultured from every sampling event throughout
this study. The reefs where Penicillium occurred did vary: Handkerchief, Katrina, USM,
and Legacy reefs on Mar. 2011 and Jul. 2011 , Handkerchief, Katrina, and USM reefs on
Nov. 2010, Handkerchief and Katrina reefs on Mar. 2010, Jan. 2010, and Apr. 2010,
Handkerchief reef on Sep. 2009 and Sep.2010, and Katrina reef on Oct. 2009 and Nov.
2009. The genus shows tolerance for cold environments as demonstrated by the fact that
many species are isolated from alpine, tundra, polar soil, and glacial ice cores even up to
38,600 years old (Sonjak and others 2006). P. citreonigrum, in particular, was isolated
from Handkerchief reef on Jul. 2011 and has also been isolated from deep-sea sediments
of the Central Indian Basin from a depth of 5000 m (Singh and others 2010).
Fungal isolates of the genus Trichoderma were cultured from biofilm sampled
from all four reefs on Mar. 2011 , Handkerchief, USM, and Legacy on Jul. 2011,
Handkerchief and Katrina on Sep. 2009, Jan.2010, and Apr. 2010, Katrina reef on Nov.
2009, and Handkerchief reef on Mar. 2010. Trichoderma species not only account for a
major portion of the fungal biomass in soils, but also contain species that are very potent
in the control of a wide range of phytopathogens (Widden and Abitbol 1980, Hagn and
others 2007). In the last few decades, Trichoderma strains have been employed as
effective biocontrol agents to reduce the amount of pesticides used in agriculture (Hagn
and others 2007). Trichoderma koningii, specifically, can be used for the biological
control of both fungal and bacterial plant pathogens (Xiao-Yan and others 2006).
However, T koningii has also been isolated from the marine environment and has been
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shown to produce toxins that can bioaccumulate in marine shellfish (Sallenave and others
1999). Whether this species is allochthonous from agricultural runoff is unknown.
Compared to culture-based methods, T-RFLP can more rapidly and completely
track fungal community dynamics over time (Buchan and others 2002). In a comparison
with other community fingerprinting methods, T-RFLP showed no detection of
contaminants or spurious species and offered higher visual resolution of phylotypes (Avis
et al 2006, Lord et al 2002). T-RFLP does contain inherent biases originating in DNA
extraction, PCR amplification, and enzymatic digestion, but is still reliable for
community analysis through time (Avis and others 2006, Hartmann and Widmer 2008,
Avis and others 2010). These biases may originate from preferential or inhibited
amplification, template reannealing, partially single-stranded DNA, and residual
polymerase activity during restriction (Eckert and Kunkel 1991, Egert and Friedrich
2003, Frey and others 2006). Reduced efficiency in capillary electrophoresis injection
can also bias the detection of T-RF abundances (Kitts 2001). Additionally, incomplete
enzymatic restrictions resulting in artifact T-RFs may also bias T-RFLP profiles, but can
mostly be avoided by adding sufficient restriction enzymes and optimizing the digestion
conditions (Osborn and others 2000). The magnitude ofT-RFLP biases may strongly
depend on the target gene or the chosen PCR primer sets (Hartmann and Widmer 2008).
In this study, the ITS region ofrDNA and the Hae!!! enzyme were used in the T-RFLP
analyses. The ITS region is a suitable target for fungal community analysis and yields
greater specificity and richness than other fungal rDNA sequences (Larena et al 1999,
Lord and others 2002). Hae!!! sites are broadly distributed throughout the entire ITS
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region, and it exhibits a combination ofITSl and ITS2 variability, which makes Haelll
the most efficient enzyme for community profile analysis (Edwards and Turco 2005).
Temporal variation represented the predominant detectable effect on the fungal
biofilm community throughout this study. Temporal variations significantly influence the
total number of species, individuals, and biomass present in an artificial reef habitat
(Bohnsack and others 1994). In the Mississippi Sound, stratification can change
dramatically within a day in some areas (Vinogradov and others 2004). Within well
mixed waters, elevated vertical salinity gradients can develop within a few hours and can
also vanish within a short time due to tidal currents passing between the barrier islands
(Vinogradov and others 2004). Marine fungi have been shown to differ widely in their
optimal growth conditions relative to temperature and salinity, but they are also
considered to be highly adaptable to changing conditions (Ritchie 1959). This offers a
plausible explanation as to why a statistical difference was found in overall temporal
variation of the fungal biofilm community, but no significant effect of temperature or
salinity was detected.
Phylotype richness and diversity of the fungal biofilm community continually
changed with time during this study. The average Shannon diversity at Handkerchief reef
was higher than the other reefs at every sampling period except Sep. 2010. Shannon
diversity showed a slight increasing trend for both high profile reefs, Handkerchief and
Katrina, throughout this study. During sampling periods Nov. 2010 and Mar. 2011
Shannon diversity varies among all four reefs, and even among reef subsites, but in Jul.
2011 , all four reefs have an average diversity index between 2 and 2.2. Phylotype
richness also showed an increasing trend at all four artificial reefs during this study, with
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the exception of the last sampling period on Jul. 2011. As the fungal biofilm community
matures, an interactive successional stage occurs where new species recruit while
competition and changes in physical habitat may cause less well adapted species to be
lost (Jackson 2003, Thompson and others 2004).
Variations in substrate composition can have a substantial influence on the
biofilm community and subsequent benthic assemblages (Rahim and others 2004, Hladyz
and others 2011 ). Recall that Katrina reef is composed of limestone rock, Handkerchief
reef is composed of crushed concrete bridge materials, Legacy reef is made of limestone
rubble, and USM reef is composed of limestone rock and oyster shell. Marine
invertebrates can be substrate-selective, and biofilm composition could dictate which
organisms will settle and metamorphose on certain substrates (Rahim and others 2004,
Burt 2009). This scenario agrees with the succession model proposed by Connell and
Slatyer (1977), in that the early colonizing species change the environmental conditions
in the biofilm, thereby facilitating later colonization by different populations.
Considerable differences exist among each reef's shellfish assemblages. Handkerchief
reef's substrate had a noticeably thick layer of biofilm cover on the first sampling dates,
Sep. 2009 and Oct. 2009 (visual observation). Oyster growth could then be seen starting
in Nov. 2009 and lasting through the rest of the sampling events, so much so, that the
substrate was virtually completely covered with oysters by the Mar. 2011 and Jul. 2011
sampling periods. In contrast, the substrate at Katrina, USM, and Legacy reefs did not
exhibit oyster growth.
Significant differences were found in the fungal biofilm communities among all
four artificial reefs with time throughout this study. Fungal community dissimilarity was

40
explored between Handkerchief and Katrina reefs, which showed numerous variant TRFs each contributing only a small percentage to the overall dissimilarity. This leads to
the impression that none of the differing fungal phylotypes were dominant. The actual
determinants of fungal biofilm community structure are likely to include complex
interactions among fungal and bacterial species, substrate availability, and nutrient
concentration fluctuations (Hax and Golladay 1993, Gulis and others 2006, Wargo and
Hogan 2006).
The characterization of artificial reef fungal biofilm communities represents the
first step towards understanding the fungal component of microbial diversity of hard
substrata within the Mississippi Sound region. The findings of this study and the
published literature confirm that fungi are an important part of the marine microbial
community. Considering the increasing number ofreports on the occurrence of marine
fungi and their involvement in detrital processing, it can be concluded that the current
microbial loop model neglects the role of fungi regarding the processing of organic
matter (Hyde et al 1998, Singh et al 2010, Gutierrez et al 2011, Mouton et al 2012).
Future research should strive to determine fungal ecological processes so a more
complete model for the degradation of organic material in coastal ecosystems can be
achieved (Gutierrez et al 2011, Mouton et al 2012).
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